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Council, Edmonton AB, T6G 2M9 CanadaABSTRACT The conformational diffusion coefficient for intrachain motions in biopolymers, D, sets the timescale for structural
dynamics. Recently, force spectroscopy has been applied to determine D both for unfolded proteins and for the folding transi-
tions in proteins and nucleic acids. However, interpretation of the results remains unsettled. We investigated how instrumental
effects arising from the force probes used in the measurement can affect the value of D recovered via force spectroscopy. We
compared estimates of D for the folding of DNA hairpins found from measurements of rates and energy landscapes made using
optical tweezers with estimates obtained from the same single-molecule trajectories via the transition path time. The apparent D
obtained from the rates was much lower than the result found from the same data using transition time analysis, reflecting the
effects of the mechanical properties of the force probe. Deconvolution of the finite compliance effects on the measurement
allowed the intrinsic value to be recovered. These results were supported by Brownian dynamics simulations of the effects of
force-probe compliance and bead size.INTRODUCTIONThe structural dynamics of biopolymers such as proteins
and nucleic acids are usually described in the context of
energy landscape theory (1) in terms of diffusive motion
over the hyper-surface representing the free energy of the
polymer chain as a function of all its conformational
degrees of freedom (2). In this picture, the coefficient of
diffusion in the conformational space of the polymer plays
a critical role, as it defines the timescale for structural
dynamics. The diffusion coefficient, D, thus helps deter-
mine all the kinetic properties of the system, from the re-
configuration time for the polymer chain (3) to the rates
for contact formation and folding (4) and the time needed
to traverse the transitions paths across energy barriers in
the landscape (5,6).
Many experimental studies of D have used fluorescence
techniques to monitor the proximity of different parts of
the polymer chain, for example, via Fo¨rster resonant energy
transfer (FRET) between two dye labels or fluorophore-
quencher interactions. Such methods allow the polymer re-
configuration time or the time for contact formation to be
measured, and hence the diffusion coefficient deduced (7).
Measurements on small polypeptide chains, disordered
proteins, and proteins unfolded in chemical denaturant
have often found values for D in the range 107 to 108
nm2/s (8–13), although for some unfolded proteins slower
values have been seen, as for protein L, which had
D ~ 105 nm2/s (14).Submitted March 25, 2014, and accepted for publication August 7, 2014.
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0006-3495/14/10/1647/7 $2.00The interpretation of these studies, however, is compli-
cated by the assumption that the dynamics on the full multi-
dimensional energy landscape is well captured by a
projection onto a single dimension, the so-called ‘‘reaction
coordinate.’’ As a result, a constant diffusion coefficient on
the hyper-surface is transformed into a coefficient that
varies with position along the reaction coordinate.
Although the details of the position-dependence vary for
different projections, it is generally expected that the diffu-
sion will be fastest for unfolded configurations, slower as a
polymer nears the transition state for folding (owing to the
formation of substantial structure-generating interactions
that restrict the conformational flexibility), and slowest in
the folded state (15). FRET studies of unfolded-protein
dynamics as the denaturant is titrated away support this
picture, finding that D decreases as the transition state is
approached (16). Despite the many successes of such fluo-
rescence methods, however, it has proven challenging to
measure D over the barrier(s) between unfolded and folded
states, which is the critical region for determining rates and
transition times.
Recently, another approach has been applied to study in-
trachain diffusion, namely single-molecule force spectros-
copy (SMFS). Here, a mechanical load is applied to a
single molecule using a force probe such as an atomic force
microscope (AFM) or optical tweezers (Fig. 1 A), and the
extension of the molecule is measured as its conformation
changes as a result of the applied load (17,18). The reconfi-
guration time of an unfolded chain can be determined by
measuring the response to an abrupt change in the force
(19), or the diffusion coefficient over the folding barrierhttp://dx.doi.org/10.1016/j.bpj.2014.08.007
5 
nm
B
0.15
0.10
0.05
0.00
5 
nm
100 µs 
40
30
20
10
0
3.02.01.00.0
A
pp
ar
en
t P
M
F
2 
k B
T
5 nm
5 nm
P
ro
ba
bi
lit
y 
de
ns
ity
1 s
E
xt
en
si
on
Time
C
D
E
F
A
Extension
Extension
C
ou
nt
s
Lifetime (s)
E
xt
en
si
on
Time
hairpin
handles
bead
laser beam
FIGURE 1 Landscape and kinetic analysis of DNA hairpin folding. (A) Schematic of measurement: a single hairpin connected to DNA handles is
attached to beads held in optical traps, which apply tension to the hairpin. (B) Representative trajectory of the extension of a hairpin molecule (hairpin
30R50/T4) held at a constant force with a passive force clamp such that it fluctuates between folded (low extension) and unfolded (high extension) states.
Gray data have been filtered to illustrate the two states more clearly. (C) Distribution of the extensions in the hairpin trajectory. (D) Apparent PMF found
from an inverse Boltzmann transform of the extension distribution (black), and the landscape after deconvolution to remove the effects of the compliant
handles and probes (gray). Curves offset for clarity. (E) Lifetimes of each state (here, the unfolded state) are distributed exponentially, yielding the
folding rate. (F). Unfolding transitions aligned on the transition midpoint (gray) and averaged (black) yield an upper-bound estimate for the average transition
time of 64 ms.
1648 Woodside et al.can be found from reconstructing the energy landscape
profile along the reaction coordinate (20–23). SMFS thus
in principle allows D to be explored over a wider range
of the reaction coordinate, including the crucial barrier
region.
The interpretation of SMFS measurements of D remains
unsettled, however. Recent work has suggested that teth-
ering a molecule to a large object such as a force probe
(tip and cantilever in AFM or microsphere in optical
tweezers) changes the value of the diffusion coefficient
governing the microscopic dynamics of the molecule on
its energy landscape. By making rapid jumps in the force
applied by an AFM to unfolded poly-ubiquitin molecules,
Fernandez and colleagues measured the reconfiguration
time for the unfolded protein, hence estimating an apparent
diffusion coefficient, Dapp ~ 10
3 nm2/s, many orders of
magnitude lower than that typically found using fluores-
cence assays (19). Comparisons to simulations of molecules
untethered to force probes suggested that the effect arose
from the drag from the tethered force probe that, it was
claimed, obscured the intrinsic intrachain D such that it
could not be recovered from the SMFS measurements.
This hypothesis has a number of implications for SMFS
measurements: rates should be very sensitive to the size of
the tethered probe, Dapp should depend strongly on the
position of the barrier along the reaction coordinate, and
extrapolations to compare to untethered molecules should
be invalid (19). The notion that mechanical connection toBiophysical Journal 107(7) 1647–1653a large force probe results in a much slower diffusion coef-
ficient was also apparently supported by the results of
Brujic and colleagues, who reconstructed the folding land-
scape for poly-ubiquitin from force-jump measurements
where the protein was allowed to refold, using the nonequi-
librium statistics of the refolding trajectories (24): they
found an even lower value, Dapp ~ 10
2 nm2/s (22). In
contrast, however, the temperature-dependence of the un-
folding of poly-ubiquitin indicated an unfolding attempt
frequency that was many orders of magnitude too high to
be consistent with such slow diffusion (25). Moreover,
other SMFS measurements reconstructing the folding land-
scape of the protein PrP from unfolding curves found a
value of 106 nm2/s (21), much closer to the range seen in
fluorescence measurements.
We explored further the question of how to determine D
in the context of SMFS through measurements and simula-
tions of force spectroscopy of the folding of DNA hairpins
as a model system, using optical tweezers. We found that,
although the mechanical connection to the force probe
does indeed change the apparent diffusion coefficient, the
very same data can yield different values of Dapp depending
on how the data are analyzed. These effects were seen to
result in a predictable way from the physical properties of
the force probe. Contrary to previous claims, the effects of
the force probe can thus be separated from the properties
of the molecule to recover the intrinsic diffusion coefficient
of the molecule over its folding landscape.
Intrachain Diffusion from Force Spectroscopy 1649METHODS
SMFS measurements and analysis
DNA hairpin constructs for force spectroscopy were made and measured as
described previously (26,27). Briefly, hairpin constructs consisting of a
single hairpin connected at each end to double-stranded DNA handles of
length ~ 600 and 1000 bp were attached to polystyrene beads of diameter
600 and 820 nm held in a dual trap system. Measurements of the extension
of the hairpins as they unfolded and refolded at equilibrium were made
using a passive force clamp (28) with one trap at a stiffness of 0.3 pN/nm
and the other at 0 pN/nm, or in passive mode whereby the trap separation
was kept constant and the stiffness of one trap was held constant at
0.3 pN/nm whereas the stiffness of the other was varied from 0 to
0.3 pN/nm. Data were sampled at 20 to 50 kHz. The apparent potential of
mean force (PMF)was calculated fromthemeasureddistributionofextensions
(27), and the stiffnesses of thewells and barrier found fromparabolic fits to the
PMF. Folding and unfolding rates were obtained from the distribution of dwell
times in the two states, identified using threshold analysis after applying a me-
dian filter with a 1 to 2 ms window (26). Transition time estimates were ob-
tained from unfiltered data by identifying all transitions in the trajectory,
fitting each one to a logistic function, aligning all transitions of a given type
(folding or unfolding) on their midpoints, and averaging, as described previ-
ously (20). ttp was estimated as the time required to transit the middle half
of the total extension change between folded and unfolded states.Simulations
The simulations modeled the experiments by assuming diffusive motion of
a molecule over a one-dimensional (1D) potential profile, with the molecule
tethered at one end to a bead of radius r via a spring with stiffness k; a con-
stant force F was applied to the bead. Stochastic forces on the molecule and
bead were drawn from Gaussian distributions of width (2gkBTDt)
1/2, where
g ¼ kBT/D for the molecule (with diffusion constant D ¼ 3  105 nm2/s)
and g ¼ 6phr (with viscosity h ¼ 103 Pa$s) for the bead, the time step
Dt was 104 ms, and the thermal energy kBT was 4.1 pN$nm. The nonsto-
chastic forces on the molecule and bead were, respectively, –V0(x1) þ
k(x2 – x1) and k(x1 – x2) – Fx2, where x1 is the extension of the molecule,
x2 the position of the bead, and V(x1) the potential landscape for the folding.
The landscape was chosen to mimic that of the hairpin in Fig. 1, with two
potential wells separated by a barrier.
A mixed simulation scheme was used, treating x1 in pure Brownian
fashion but evolving x2 according to Langevin dynamics with explicit iner-
tial terms; the latter was done using a modified Verlet-style algorithm (29).
The system was initially thermalized in a harmonic well matching the
folded or unfolded well, and tested for correct energy equipartition and
velocity autocorrelation decay. Trajectories from the production stage
were down-sampled in most cases to 25 kHz, similar to typical experi-
mental sampling rates, reporting a running positional average weighted
by an exponentially decaying envelope with a time constant of 16 ms (tuned
to replicate simulated and experimental position autocorrelation functions).
Simulations for r¼ 20 and 100 nm were down-sampled to 200 kHz, to cap-
ture the faster motions of the smaller beads, with a proportionately faster
averaging time constant of 2 ms. Simulation data were analyzed in the
same way as the experimental data.RESULTS AND DISCUSSION
Simple DNA hairpins held under tension typically fold as
two-state systems: when held at equilibrium under constant
force near F1/2, the force at which the folded and unfolded
states are equally likely, they exhibit ‘‘hopping’’ between
the folded and unfolded states (26). A representative exten-
sion trajectory measured under constant force using apassive force clamp (28) is illustrated in Fig. 1 B for the
hairpin 30R50/T4 (26). The distribution of extensions in
the trajectory, P(x) (Fig. 1 C), can be used to determine
the apparent PMF experienced by the molecule, A(x), by in-
verting the Boltzmann relation: A(x) ¼ kBT ln[P(x)]
(Fig. 1 D, black). This PMF represents the apparent 1D
projection of the energy hypersurface onto the reaction
coordinate.
According to Kramers’ theory, the rate k for diffusive bar-
rier crossing along a 1D potential surface is given by the
following (30):
k ¼
ﬃﬃﬃﬃﬃﬃﬃﬃﬃ
kwkb
p
2pkBT
D exp

 DG
z
kBT

; (1)
where kw is the stiffness of the potential well, kb the stiffness
zof the barrier, kBT the thermal energy, and DG the height of
the energy barrier. The curvatures of the potential wells and
barrier for the hairpin folding landscape were found by para-
bolic fits of the apparent PMF derived from the extension
trajectory, whereas the folding and unfolding rates in the
trajectory were determined by fitting the distribution of
observed lifetimes for the unfolded and folded states,
respectively, to single exponential functions (Fig. 1 E).
Measuring the height of the barrier directly from A(x), the
apparent diffusion coefficient implied by Eq. 1 was then
calculated independently for both folding and unfolding.
The values agreed well with each other; for this hairpin,
the average value wasDapp¼ 95 1103 nm2/s (uncertainty
represents standard error on the mean). For comparison, this
value is ~ 10 to 100 times smaller than the range of values,
105 to 106 nm2/s, implied by fluorescence studies of unteth-
ered hairpins and single-stranded DNA (31,32) and simula-
tions of RNA folding (33).
This result appears to agree with the picture advanced by
Fernandez and colleagues, that SMFS yields anomalously
low Dapp values owing to the force probe tethered to the
molecule. However, one of the challenges with determining
D from Kramers’ theory (Eq. 1) is that the result is exponen-
tially sensitive to the height of the barrier. Errors in deter-
mining DGz thus dominate the uncertainty in D. Instead of
using the dependence of the rates on D in Eq. 1, an alternate
approach is to consider the transition path time, ttp, the
average time required for actual traversal of the barrier dur-
ing the structural transition. Whereas rates depend exponen-
tially more strongly on DGz than they do on D, for ttp the
situation is reversed: in the large-barrier limit,
ttpz
lnð2egDGz=kBTÞ
Dkb=kBT
; (2)
where g is Euler’s constant (5,6). Thus ttp is relatively
insensitive to the barrier height, and provides a potentially
more reliable way of determining D. We measured the
apparent ttp from extension trajectories by aligning each
transition on its midpoint and averaging the transitionsBiophysical Journal 107(7) 1647–1653
1650 Woodside et al.(Fig. 1 F), as described previously (20). We note that such
an analysis actually only provides an upper bound for ttp,
because ttp may be smaller than the time resolution of the
instrument (20). For hairpin 30R50/T4, the apparent transi-
tion time was 645 4 ms. Using Eq. 2 and the properties of
the apparent PMF (Fig. 1D), this impliesDapp¼ 95 1104
nm2/s; because ttp is an upper bound, this value represents a
lower bound for Dapp.
The lower bound for D from Eq. 2 apparently contradicts
the result from Eq. 1, being 10 times higher despite coming
from the same data. In contrast, it is at the low end of the
range of values found by other methods (e.g., fluorescence,
simulations). The same analysis applied to measurements of
four other DNA hairpins (20R50/T4 from (26), and 20TS06/
T4, 20TS10/T4, and 20TS18/T4 from (27)) produced
similar results (Table 1). Averaging over all the hairpins,
the apparent diffusion coefficient found from the rates via
Eq. 1 was 5 5 1103 nm2/s, whereas the lower bound
obtained via Eq. 2 from the apparent transition time was
15 0.1105 nm2/s, 20-fold faster. Note that these hairpins
were chosen to have barriers with positions varying from
5 to 20 nm from the folded state (27). In contrast to predic-
tions (19), however, the value of Dapp did not vary signifi-
cantly with the position of the barrier.
The discrepancy between the two values for D obtained
from the same force spectroscopy data, differing only in
the analytical method used—and indeed the differences
from the values found by other experimental approaches—
can be understood by examining how the properties of the
assay and measurement apparatus affect the results of the
measurement. First, the apparent PMF of the full system
(as in Fig. 1D, black) does not properly represent the energy
landscape being explored by the molecule of interest: it in-
cludes also the effects of motions of the compliant handles
and beads in harmonic traps (27,34). Changing the compli-
ance of the dumbbells, whether by changing the stiffness of
the traps or the stiffness of the handles, will change the
widths and overlap of the peaks in the extension distribu-
tion, and hence also the well widths and barrier height in
the apparent PMF. Such an effect was demonstrated by
comparing measurements of a hairpin using compliant
double-stranded DNA handles with those using rigid DNATABLE 1 Apparent diffusion coefficient from trajectories of
DNA hairpins under tension.
Molecule name
Diffusion coefficient (nm2/s)
from Kramers from ttp
30R50/T4 (6) 95 1103 9 5 1104
20R50/T4 (4) 3.05 0.6103 1.3 5 0.3105
20TS06/T4 (5) 6.35 0.5103 5.1 5 0.5104
20TS10/T4 (1) 1.45 0.3103 1.0 5 0.3105
20TS18/T4 (4) 65 1103 1.2 5 0.2105
The apparent value of D found from Kramers’ theory (Eq. 1) and from the
apparent transition time (Eq. 2), for different hairpins. Uncertainties repre-
sent standard error from number of molecules listed in parentheses.
Biophysical Journal 107(7) 1647–1653origami beams (35). Increasing the compliance decreases
the apparent barrier height, such that an exponentially
slower Dapp is needed to achieve a given rate in Eq. 1.
More generally, the system compliance affects any analyt-
ical approach that depends on the distribution of the molec-
ular extension, because it invariably broadens the apparent
distribution.
Fortunately, the effects of the compliance can be deter-
mined sufficiently well that they may be removed by decon-
volution, either empirically by measuring the point-spread
function (27), or theoretically by modeling the mechanical
properties of the measurement (34). Applying an empirical
deconvolution to the trajectory for the hairpin in Fig. 1 B
produced the landscape shown in Fig. 1 D (gray). Using
the deconvolved landscape in Eq. 1 results in a diffusion
coefficient that is considerably larger, ~ 5  105 nm2/s
(20). A similar deconvolution for all the hairpin data re-
sulted in an average 70-fold increase in D, to D ~ 3  105
nm2/s. This value is just above the lower bound of 1 
105 nm2/s obtained from the apparent ttp, indicating that
the latter gave a reasonable estimate. Notably, it also agrees
well with the results from experiments and simulations of
hairpin folding in the absence of tethers (31,33).
To explore the effect of the instrumental compliance
further, we used Brownian dynamics simulations of a
hairpin diffusing over a given landscape. The hairpin was
connected to a bead of radius r via a handle of stiffness k,
through which a constant force was applied. Simulations
were run with r ¼ 400 nm for stiffnesses from 0.2 to
10 pN/nm, generating trajectories (Fig. 2 A) of 80 to 85 s
in duration for each condition, containing 2600 to 6300
unfolding/refolding transitions for each simulation. The
simulation results were analyzed as for the experimental
data. As expected, the extension distributions P(x) generally
broadened with increasing probe compliance (Fig. 2 B),
leading to lower apparent barrier heights (Fig. 2 C) and
hence lower Dapp from Eq. 1 (Fig. 3 A, black). Only when
the probe stiffness was comparable to the stiffness of the
features in the energy landscape (~5 pN/nm) was P(x)
largely unaffected, allowing the value for D imposed in
the simulation (3  105 nm2/s) to be recovered (Fig. 3 A,
dashed line). The apparent ttp, however, was affected
much less by changes in k, leading to estimates of Dapp
that were fairly close to the imposed D for all k values
(Fig. 3 A, gray); the average over all simulations was
1.3 5 0.2  105 nm2/s, with Dapp increasing slightly as
the stiffness was lowered because the overlap between the
extension distributions for the two states increased, which
decreased the curvature of the apparent barrier. The estimate
of D from the apparent ttp was therefore better than that
from the rates under low-stiffness conditions—as observed
experimentally—but worse when the stiffness was high.
The same qualitative trends seen in the simulations were
also observed experimentally when the system stiffness was
varied. Measurements of hairpin 20R50/T4 folding near F1/2
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FIGURE 2 Simulations of folding trajectories. (A) Simulated trajectory for a bead radius of 400 nm and stiffness of 0.3 pN/nm. Gray data have been filtered
to illustrate the two states more clearly. (B) Distributions of the bead position for different stiffness values, illustrating the broadening because of increased
compliance. (C) Apparent PMFs recovered by inverse Boltzmann transform from the position distributions, for different stiffness values (black: 0.2 pN/nm;
dark gray: 0.3 pN/nm; light gray: 1 pN/nm), illustrating convergence toward the actual landscape (dotted line) at high stiffness. Curves offset for clarity.
Intrachain Diffusion from Force Spectroscopy 1651using the passive force clamp, wherein the local stiffness of
one of the two traps was effectively set to zero by perform-
ing the measurement at the maximum point on that trap’s
force-displacement curve (28), were compared with mea-
surements of the same molecule made at different displace-
ments from the trap center, such that the local stiffness
increased from 0 to 0.3 pN/nm even though the applied
load was kept the same (i.e., near F1/2). Recovering Dapp
from Eq. 1, after correcting for changes to the rates induced
by the finite local stiffness (28), we found that Dapp
increased progressively with the stiffness (Fig. 3 B, black).
At low stiffness, the value of Dapp recovered from Eq. 2
(Fig. 3 B, gray) provided a better estimate, but increases
in the apparent barrier curvature with increasing stiffness
caused Dapp found from Eq. 2 to decrease; continued stiff-
ness increases would lead to the estimate from Eq. 1 even-
tually being better, as in Fig. 3 A.
Of course, the properties of the instrument and assay do
not just affect the extension distributions, they also affect
the dynamics that are observed, by imposing a characteristic
timescale on which changes in the signal can be measured.
The instrument effectively acts as a filter in the time domain,D
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has been measured at roughly 50 ms (20). The apparent tran-
sition time of 645 4 ms for hairpin 30R50/T4, for example,
thus represents a convolution of the actual transition time,
315 5 ms (as found from landscape analysis after deconvo-
lution of instrumental effects (20)), and the instrument
response time. In principle, the dynamics of the probe-
tether-molecule complex can be deconvolved to recover
the dynamics of the molecule alone (36), however this
approach has proven challenging to apply in practice.
Instead, we explored this effect with simulations. Because
the key variable setting the timescale for the instrumental
filtering—for a given solvent viscosity and system stiff-
ness—is the size of the beads, we simulated the dynamics
for fixed k ¼ 0.3 pN/nm but r ranging from 20 to 2000 nm.
Analyzing the data as above, ttp was found to decrease
with r; the resulting estimates of Dapp from Eq. 2
(Fig. 3 C, gray) became very close to the value for D used
in the simulation (Fig. 3 C, dashed line) at the smallest104
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1652 Woodside et al.bead sizes. In contrast, Dapp estimated from Eq. 1 remained
too low for all bead sizes (Fig. 3 C, black), consistent with
expectations for a very compliant probe. The recovery of the
intrinsic D for molecular motions using Eq. 2, even when
the high system compliance leads to a significant underesti-
mate of the barrier height (as here), results from the insen-
sitivity of ttp to the barrier height. We note that at large
bead sizes, as Dapp decreased it always remains below the
value expected for free diffusion of a sphere from the Stokes
law (Fig. 3 C, dotted line). The free-bead diffusionDbead and
the molecular diffusion D thus provide dual upper bounds
for Dapp, as would be expected because the combined
bead-molecule system should not diffuse faster than the
slowest individual component.
This work thus shows that SMFS measurements of D
are best done by applying force with small (hence fast-
response) and/or stiff probes. It is worth noting, however,
that both the probe size and stiffness may have second-order
effects that alter the apparent value of D. For example, it has
been shown that increasing the stiffness of the handles will
decrease the observed rates for folding/unfolding (37,38),
via stronger coupling to the slow-moving beads, thereby
changing Dapp estimated from Eq. 1. Such effects are rela-
tively small for the typical handles used in optical trapping
experiments (e.g., of order unity for duplex DNA handles of
length 500 to 2000 bp) (38), but could become significant
for very stiff handles such as extremely short duplex DNA
(39) or DNA origami beams (35). A similar effect on the
rates has been seen from changes in the bead size (38).
Modest changes in the rates (factors or 2 or less) were
indeed seen in both sets of simulations, displaying the ex-
pected trends of decreasing rate with increasing stiffness
and bead size, and contributing to observations such as the
apparent bead-radius dependence of Dapp recovered from
Eq. 1 (Fig. 3 C, black). Estimates of Dapp can also be
affected by instrumental effects other than those discussed
above. For example, the use of an active feedback loop to
maintain a constant force on the molecule is known to alter
the observed folding and unfolding rates (40,41). Feedback
loops may also alter the distribution of extensions, espe-
cially when the extension (and hence force, too) is changing
rapidly as the molecule moves between states, thereby
complicating any deconvolution analysis. In this context,
therefore, passive modes of measurement lacking any active
feedback controls (whether the force is constant or not (28))
offer the best approach.CONCLUSION
These results show that, contrary to assertions made previ-
ously (19), the intrinsic diffusion constant for motions of
the molecule can indeed be recovered from SMFS measure-
ments if care is taken to account for the effects of the instru-
mentation. For measurements where D is determined from
the distribution of molecular extensions, it is essential to de-Biophysical Journal 107(7) 1647–1653convolve the effects of the probe and tether compliance,
whereas for measurements where D is found from the
dynamical response of the molecule, the effects of the finite
probe time response tend to be most important. Analyses
that ignore these considerations are likely to produce incor-
rect and inconsistent values ofD, but taking the instrumental
effects into account should allow meaningful comparisons
to be made with the results obtained via different methods.
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